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This article presents the results of a study of the sulfation of bactoagar with sulfamic acid in the presence of urea. The 
aim of the work was to study the effect of reaction conditions (temperature and duration) on the yield of the sulfated 
product and the sulfur content in it. Optimum conditions for sulfation were determined as a temperature of 85–90 °C and 
a reaction duration of 3 hours, which ensures the maximum yield of the product (92%) and high sulfur content (15.40%). 
The obtained sulfated samples were analyzed using NMR, FTIR spectroscopy, X-ray diffraction, atomic force 
microscopy, gel permeation chromatography and thermal analysis. The results of FTIR and NMR spectroscopy confirmed 
the successful introduction of sulfate groups into the bactoagar macromolecule, and X-ray diffraction showed an increase 
in the amorphous structure after sulfation. Thermal analysis revealed a decrease in the thermal stability of sulfated 
bactoagar compared to the original sample. The obtained data demonstrate the potential for the use of sulfated bactoagar 
in various fields, including biotechnology, pharmacology and drug delivery systems. 
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INTRODUCTION 

Bactoagar is a gel-like nutrient material 
obtained from seaweeds, which is widely used in 
microbiology, biotechnology and food industry.1 
Its unique physicochemical properties, such as 
gelation and high purity, make it an important 
component in various biological and chemical 
applications.2,3 However, in recent years, there has 
been increased interest in the chemical 
modification of bactoagar in order to improve its 
properties and expand the scope of its 
application.4,5 

Chemical modification involves changing the 
chemical structure of natural polymers in order to 
improve their functional properties. Bactoagar, 
consisting of agarose and agar, can be modified by 
various  chemical  reactions,  which  allows  it  to  

 
acquire new properties, such as improved strength, 
resistance to mechanical and thermal stress, as well 
as specific biocompatibility.6,7 

Chemical modification of agar can significantly 
enhance its strength.8 For example, cross-linking 
using reagents such as epichlorohydrin can 
increase the mechanical strength and resistance of 
the gel to deformation.9,10 

Modification of agar can significantly improve 
its biocompatibility, making it suitable for use in 
medical applications. For example, the 
introduction of functional groups, such as carboxyl 
and amino groups, improves cell adhesion. This 
opens up new horizons for the development of 
biomaterials, such as tissue compounds.11 
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Agar can also be modified for use in packaging 
materials that extend the shelf life of products. 
Studies show that the addition of biopolymers and 
antimicrobial agents significantly increases shelf 
life. This can positively affect food safety and 
reduce waste.12-14 Modified agar can be used in 
targeted drug delivery technology.15,16 

Cell cultures grown on modified agar show 
improved growth and viability. This opens up new 
possibilities in the field of regenerative medicine, 
where cell-cell interactions play a key role.17,18 

Chemical modification of agar occupies an 
important place in research and development 
aimed at improving its physicochemical properties 
and expanding the areas of application. Progress in 
this area promises to bring new solutions for 
various industries, including biotechnology, 
pharmaceuticals and packaging technologies.19-21 
However, for further successful implementation, it 
is necessary to continue research aimed at in-depth 
study of the interactions between modified 
bactoagar and biological systems. 

In this paper, a method for chemical 
modification of bactoagar with sulfamic acid in 
1,4-dioxane in the presence of urea is proposed. 
The starting materials and their sulfation products 
were studied by FTIR and NMR spectroscopy, 
elemental analysis, X-ray diffraction, atomic force 
microscopy, gel permeation chromatography and 
thermal analysis. 
 
EXPERIMENTAL 

The amounts of sulfamic acid and urea were chosen 
based on a molar ratio of sulfamic acid to the 
anhydrogalactose repeat unit of bactoagar (estimated 
molecular weight per unit ~300 g/mol) of approximately 
4:1, assuming the polysaccharide contains free OH 
groups available for sulfation. Urea was added in a 1:1 
molar ratio relative to sulfamic acid, which is typical of 
the sulfamic acid/urea sulfation system.22,23 The 
molarity of the polysaccharide was not directly 
measured; instead, a fixed mass of air‑dried bactoagar 
(5 g) was used in all experiments, which corresponds to 
approximately 16.7 mmol of anhydrogalactose units. 

Sulfation of bactoagar was carried out with sulfamic 
acid in 1,4-dioxane in the presence of urea. To do this, 
50 mL of dioxane, 6.2 g of sulfamic acid and 3.8 g of 
urea were placed in a three-neck flask equipped with a 
thermometer, a mechanical stirrer and a water bath. The 
resulting mixture was heated with vigorous stirring to 
50 °C and 5 g of air-dried polysaccharide was added to 
it. Then, the temperature and duration of the reaction 
mixture was raised to a fixed value (in accordance with 
the sulfation conditions given in Table 1). At the end of 
sulfation, the solvent was decanted, and the resulting 
viscous residue was dissolved in 25 mL of water, the 

excess sulfamic acid was neutralized with a 25% 
aqueous solution of ammonia until neutral. 

The ammonium salt of sulfated polysaccharides was 
purified by dialysis on cellophane against distilled 
water. The product was dialyzed for 10 hours, changing 
the water at intervals of 1-2 hours. 

The yield of sulfated bactoagar (reported in Table 1) 
was calculated as the percentage of the mass of the 
purified, dialyzed, and freeze‑dried product relative to 
the initial mass of the starting bactoagar used in the 
reaction (5 g). No correction was made for the mass gain 
due to the incorporation of sulfate groups; therefore, the 
reported yields are apparent yields. The sulfur content 
was determined independently by elemental analysis. 

The sulfur content in the obtained pectin sulfates 
was determined using a Flash EATM-112 elemental 
analyzer (ThermoQuest, Italy). 

FT-IR spectra of the original and sulfated 
polysaccharide were obtained on a Shimadzu IRTracer-
100 IR Fourier spectrometer (Japan) in the wavelength 
range of 400‒4000 cm‒1. The spectra were then 
identified in the OPUS software, version 5.0. Solid 
samples for IR Fourier analysis in the form of tablets 
contained 2 mg of substance per 1000 mg of KBr. 

X-ray diffraction analysis was carried out on a 
DRON-3 X-ray diffractometer (monochromatic CuKα 
radiation, λ = 0.154 nm) at a voltage of 30 kV and a 
current of 25 mA. The scanning step was 0.02 degrees, 
and the intervals were 1 s per data point. The 
measurements were performed in the range of Bragg 
angles 2Θ from 5.00 to 70.00°. 

The bactoagar and sulfated bactoagar films for AFM 
imaging were prepared by casting. A 0.1 wt% aqueous 
solution of each sample was prepared by dissolving the 
powder in distilled water at 60 °C under stirring for 2 h. 
A drop (20 µL) of the solution was placed onto a freshly 
cleaved mica substrate and dried at room temperature 
under ambient conditions for 24 h, followed by gentle 
heating at 40 °C for 2 h to remove residual moisture. 
The resulting films had a thickness of approximately 
0.5–1 µm, as estimated by profilometry. The atomic 
force microscopy measurements of bactoagar film 
samples and its sulfated derivative were performed on a 
Solver P47 multimode scanning probe microscope (NT-
MDT, Russia) equipped with a 14 μm scanner and an 
adjustment stage (model SKM). In the semi-contact 
AFM experiments, silicon rectangular cantilevers 
(NSG30, NT-MDT, Moscow) with an average 
resonance frequency of 170 kHz and a force constant of 
6 N/m were used. The AFM operating parameters in the 
semi-contact mode were: scanning speed of 40-55 μm/s, 
the resolution of the resulting image was 256 x 256 
pixels. Scanning was performed in at least 3-4 separate 
areas on the sample surface. As a rule, smoothing or 
other image processing, except for the subtraction of the 
second-order surface, was not performed.  

The weight-average molecular weight (Mw), 
number-average molecular weight (Mn) and 
polydispersity (PDI) of bactoagar and its sulfated 
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derivative were determined by gel permeation 
chromatography using an Agilent 1260 Infinity II Multi-
Detector GPC/SEC System chromatograph with a 
refractometer (RI) as a detector. Separation was 
performed on combined PL Aquagel-OH 30 and PL 
Aquagel-OH Mixed-M columns using an aqueous 
solution of 0.1 M NaNO3 containing 0.025% NaN3 as a 
mobile phase. The column was calibrated using 
polydisperse polyethylene glycol (PEG) standards 
(Agilent, USA). The eluent feed rate was 1 mL/min, the 
injected sample volume was 100 μL. Data collection and 
processing were performed using the Agilent GPC/SEC 
MDS software.  

Thermal analysis was performed using the STA 449 
F1 Jupiter instrument (Netzsch, Germany). The thermal 
degradation of the samples was analyzed in argon in the 
temperature range from 30 to 700 °C, the flow rate of 
the protective and purge gases was 20 and 50 mL min-1, 
respectively. Heating of the samples in the dynamic 
temperature mode was carried out in corundum 
crucibles at a rate of 10 °C/min. The measurement 
results were processed using the software package 

Netzsch Proteus Thermal Analysis.5.1.0, supplied with 
the device. 

The 1H NMR spectra were recorded at 25 °C on a 
Bruker Avance III 600 MHz spectrometer in D2O. The 
zgesgp pulse sequence from the Bruker library was used 
to suppress the signal of residual D2O protons. Chemical 
shifts are presented relative to the d-solvent signal. All 
spectra were processed using the Topspin 3.2 software 
package.  
 
RESULTS AND DISCUSSION 

Table 1 presents the results of the study of the 
effect of reaction conditions on the yield of 
bactoagar sulfate and its sulfur content. The 
sulfation process was carried out using sulfamic 
acid in 1,4-dioxane in the presence of urea. The 
main parameters varied in the experiment were the 
temperature and duration of the reaction. The aim 
of the study was to determine the optimal 
conditions for maximizing the yield of the product 
and the sulfur content in bactoagar sulfate. 

 
Table 1 

Effect of reaction conditions on the yield of bactoagar sulfate and its sulfur content 
(sulfation with sulfamic acid in 1,4-dioxane in the presence of urea) 

 
№ Temperature,  

°С 
Time,  

h 
Yield,  

% 
Sulfur content, 

% 
1 90 3 80 15.92 
2 85 3 92 15.40 
3 95 3 53.6 15.19 
4 90 2 59.6 12.69 
5 90 4 71.2 15.75 

 
According to the data presented in Table 1, as 

the temperature increases above 85 °C, the product 
yield decreases, which is associated with the 
processes of hydrolysis and thermal degradation of 
the polymer. The optimum temperature for the 
maximum yield is in the range of 85–90 °C. The 
sulfur content reaches a maximum at a temperature 
of 90 °C, but with a further increase in temperature 
(up to 95 °C), it begins to decrease. This may be 
due to the fact that at higher temperatures, partial 
destruction of sulfate groups occurs. 

Increasing the reaction duration from 2 to 3 
hours leads to a significant increase in the product 
yield. However, a further increase in the reaction 
time to 4 hours leads to a decrease in the yield, 
which may be associated with the onset of product 
degradation or side reactions. The sulfur content 
also rises significantly when the reaction time is 
extended from 2 to 3 hours. Prolonging the reaction 
to 4 hours, however, results in only a negligible 
increase in sulfur content, suggesting that the 

sulfation limit has been reached. Thus, the optimal 
conditions for the sulfation process with sulfamic 
acid in 1,4-dioxane in the presence of urea are a 
temperature of 85–90 °C and a reaction duration of 
3 hours. 

The sulfation mechanism in the sulfamic 
acid/urea system involves the in situ formation of 
sulfamic acid–urea complex, which acts as a 
sulfating agent. Urea plays a dual role: it activates 
sulfamic acid by forming a hydrogen-bonded 
adduct, thereby increasing the electrophilicity of 
the sulfur atom, and it also buffers the reaction 
medium, preventing excessive acid-catalyzed 
hydrolysis of the polysaccharide. 1,4-Dioxane 
serves as an aprotic solvent that facilitates the 
swelling of bactoagar and enhances the 
accessibility of hydroxyl groups for the sulfation 
reaction. The proposed mechanism is consistent 
with earlier reports on the sulfation of other 
polymers using the sulfamic acid/urea system.23-25 
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The obtained bactoagar sulfates were analyzed 
using a set of physicochemical methods. 

The 1H NMR spectrum of native bactoagar 
contains key signals characteristic of 
polysaccharides (3.40-4.10 ppm), which 
correspond to the protons of the carbohydrate rings 

H2-H6 (Fig. 1). Anomeric H1 give well-resolved 
signals at 4.05 and 4.10 ppm. The spectrum of CA-
1 shows a noticeable complication at 3.30-4.20 
ppm due to the overlapped signals from the 
modified and original units.

 

 
 

Figure 1: 1H NMR spectra with water suppression of CA-0 (1) and CA-1 (2) 
 

A significant increase of intensity at 4.14 ppm 
may indicate that it corresponds to a proton that is 
in similar chemical environments in most units. At 
the same time, the signals of anomeric H1 have 
shifted significantly to a downfield (5.54, 5.24 
ppm), which may indicate its proximity to a sulfate 
group (C2 or C4). The appearance of a series of 
low-intensity signals at 4.20-4.50 ppm and a triad 
of signals around 7.0 ppm may relate to CH and 
OH acetals and/or hemiacetals, indicating partial 
destruction and oxidation of the sample during the 
sulfation process.26,27 The significant downfield 
shift of the anomeric H1 signals from 4.05–4.10 
ppm in native bactoagar to 5.24 and 5.54 ppm in 
the sulfated derivative confirms the incorporation 
of sulfate groups at positions adjacent to the 
anomeric carbon (most likely at C2 or C4 of the 
galactose residue). This deshielding effect is 
typical of protons near an electronegative sulfate 
substituent. The increased complexity in the 3.30–
4.20 ppm region arises from the superposition of 
signals from non-sulfated and mono-/di-sulfated 

units. The appearance of low-intensity signals at 
4.20–4.50 ppm and around 7.0 ppm suggests the 
presence of minor degradation products (e.g., 
reducing ends, formyl groups) formed under the 
acidic sulfation conditions. Overall, the 1H NMR 
data corroborate the FTIR and elemental analysis 
results, confirming successful sulfation, while 
indicating limited side reactions. 

The introduction of a sulfate group into the 
bactoagar macromolecule was confirmed by IR 
spectroscopy (Fig. 2). The spectrum of sulfated 
bactoagar, in comparison with the original (non-
sulfated) bactoagar, shows characteristic changes 
that indicate the successful sulfation process. In the 
region of 1245–1255 cm⁻¹, a high-intensity 
absorption band appears, which corresponds to the 
stretching vibrations of the S=O bonds in the 
sulfate group. This band is characteristic of the 
presence of sulfate groups in the molecule. 
In the region of 800–821 cm⁻¹, an absorption band 
is also observed, which is associated with the 
deformation vibrations of the C-O-S bonds in the 
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sulfate group. These vibrations confirm the 
presence of a covalent bond between the carbon of 
the bactoagar macromolecule and the sulfate 
group. In the region of 3000–3500 cm⁻¹, a 
broadening of the absorption band is observed. 
This is due to the superposition of vibrations of 

various functional groups, such as: hydroxyl 
groups (–OH), which are present in the bactoagar 
structure, ammonium groups (–NH₄⁺), which can 
be formed as a result of the interaction of sulfamic 
acid with urea, CH₂ groups, which are also present 
in the bactoagar structure.

 

 
Figure 2: FTIR spectra of: 0 – original bactoagar, 1-5 – sulfated bactoagar (numbering according to Table 1) 

 
The broadening of the band in this region 

indicates a change in the chemical environment 
and the interaction between various functional 
groups after the introduction of sulfate groups. The 
appearance of absorption bands in the regions of 
1245–1255 cm⁻¹ and 800–821 cm⁻¹ 
unambiguously confirms the successful 
introduction of the sulfate group into the bactoagar 
macromolecule. The broadening of the band in the 
region of 3000–3500 cm⁻¹ indicates complex 
interactions between hydroxyl, ammonium and 
CH₂ groups, which may be associated with a 
change in the structure of the macromolecule after 
sulfation. 

According to the X-ray diffraction data (Fig. 3), 
the original bactoagar is a non-crystalline 
(amorphous) substance. This is typical of many 
polysaccharides, which often do not have a clear 
crystalline structure due to the complex and 
disordered structure of their macromolecules.28,29 
The X-ray pattern of the original bactoagar shows 
a characteristic halo (blurred peak) in the 10–30° 
2Ɵ region, which is a typical sign of the amorphous 
state of the substance. This halo is due to the lack 
of long-range order in the arrangement of 
molecules, which is typical of non-crystalline 
materials. 

 

 
Figure 3: Diffraction patterns of: 1 – original bactoagar, 2 – sulfated bactoagar 
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During the sulfation process, a decrease in the 
halo intensity in the 10–30° 2Ɵ region is observed. 
This indicates that the bactoagar structure becomes 
even more amorphous than before modification. 
The decrease in halo intensity may be due to the 
fact that the introduction of sulfate groups into the 
bactoagar macromolecule leads to a disruption of 
the local order in the polysaccharide structure. 
Sulfate groups, being bulky and charged, can cause 
additional deformations and disorder in the 
molecular structure.30-32 

The introduction of sulfate groups into the 
bactoagar macromolecule can lead to a change in 
intermolecular interactions. Sulfate groups, having 
high polarity, can disrupt hydrogen bonds and 
other interactions that could exist in the original 
bactoagar.33 In addition, sulfate groups can cause 
steric hindrance, which leads to an increase in 
disorder in the polysaccharide structure.34 

The amorphous state is characteristic of many 
polysaccharides, such as starch,35 agarose,36 and 
others. However, the introduction of functional 
groups (for example, sulfate) often leads to further 
disorder in the structure, which is also observed in 
the case of bactoagar. The decrease in the halo 
intensity in the X-ray pattern after sulfation 
confirms that the modification process leads to an 
increase in the amorphism of the material. This is 
due to the introduction of sulfate groups, which 
disrupt the local order in the polysaccharide 
structure, increasing the degree of disorder. 

The broad halo centered near 22° 2θ in the 
native bactoagar diffractogram may, in part, arise 
from residual crystalline cellulose, which is a 
common impurity in commercial agar products. 

However, the absence of sharp peaks characteristic 
of cellulose I or II (e.g., at 14.5°, 16.5°, 22.5°) 
suggests that cellulose, if present, is in an 
amorphous or poorly crystalline form and does not 
dominate the pattern.37,38 The overall amorphous 
nature is still the main feature. 

According to the AFM data (Fig. 4), the surface 
of the bactoagar sample is formed by spherical 
particles with an average diameter of 55 nm. The 
particles tend to form larger submicron (0.250 μm) 
aggregates, which gives the surface of the studied 
sample a rougher structure with the formation of 
submicron pits in which non-aggregated nanosized 
particles are concentrated. 

Scanning the surface of the bactoagar sulfate 
sample showed the presence of a thin polymer film 
on its surface, formed when a drop of an aqueous 
solution of the sample is dried on the surface. The 
film covers the entire surface of the sample with an 
almost uniform layer, smoothing out nanoscale 
surface inhomogeneities and making it impossible 
to accurately estimate the diameter of the surface 
crystallites (according to a rough estimate, their 
diameter is 80 nm).  

For the native bactoagar film, the 
root‑mean‑square roughness (Rq) over 5×5 µm 
areas was 12.3 ± 1.5 nm, with an average particle 
diameter of 55 ± 8 nm (n = 100). For the sulfated 
bactoagar film, the apparent Rq decreased to 4.2 ± 
0.7 nm due to the smoothing effect of the polymer 
film formed during drying. The underlying 
spherical particles in the sulfated sample were 
estimated to have a diameter of approximately 80 
nm. 
 

 Bactoagar Bactoagar sulfate 

Relief 
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3D 

  
 

Figure 4: AFM data of the bactoagar samples 
 

The molecular weight distribution curves of 
native and sulfated bactoagar samples are shown in 
Figure 5. Native bactoagar is characterized by low 
solubility in water and tends to form viscous 
solutions. Therefore, a low concentration of the 
original bactoagar was used for the study. 
According to the data obtained, the sample is a set 
of molecules with a very wide range of molecular 
weights of 1•103 ÷ 1•106 with a maximum of about 
50 kDa, which is lower than the 120 kDa,39 or 170-
290 kDa,40 given in the literature. Probably, the 

increase in average molecular weights is due to 
DMSO, the eluent used in GPC, which dissolves 
agarose better. Thus, it can be considered that the 
MWD of the water-soluble fraction was studied.  

In the process of sulfation, due to the addition 
of ionogenic groups, agarose becomes highly 
soluble in water, so it becomes possible to obtain 
higher-quality data on the MWD of the modified 
sample.  
 

 
Figure 5: Molecular weight distribution curves of original bactoagar and sulfated bactoagar 

 
Table 2 

Molecular weight characteristics of original bactoagar and sulfated bactoagar 
 

Sample Mn (g/mol) Mw (g/mol) PD 
Bactoagar 6598 75277 11.41 
S-Bactoagar 4933 8456 1.71 
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According to the GPC data (Fig. 5), strong 

destruction of agarose chains is observed in the 
process, which leads to a decrease in the average 
weight MM by almost 10 times (Table 2). At the 
same time, the sample becomes more 
homogeneous with low polydispersity – 1.71. 
Probably, this is also facilitated by the removal of 
some low-molecular impurities and polysaccharide 
degradation products. It is worth noting that the 
samples obtained in this work differ significantly 
from those synthesized in an earlier study,36 using 
ammonium sulfamate and a wide range of 
catalysts, which are characterized by less 
homogeneity. Another difference is the much 
better solubility of the sample obtained in this 
work, which may be promising for further use in 
pharmacology, substance delivery systems, etc.  

Figures 6, 7 and 8 show the results of 
thermogravimetric (TG curves), differential 
thermogravimetric (DTG curves) analysis and 
differential scanning calorimetry (DSC curves), 
respectively, of the original (CA-0) and sulfated 
samples (CA-1). 

The data presented in Figures 6 and 7 indicate 
that the mass loss in the temperature range of 30–
700 °C for the initial sample CA-0 occurs in three 
stages. The DTG curve exhibits two peaks 
corresponding to the maximum rate of mass loss: 
103.5 and 260.2 °C. The first peak corresponds to 
the removal of adsorption water, which occurs in 
the range of 30–180 °C. This range on the DSC 
curve (Fig. 8) is marked by the endothermic effect. 
The large range of water desorption can be 
explained by the difficulty of breaking hydrogen 
bonds between water molecules and polar 
functional groups of polysaccharides.41 The 
decomposition of the main structure of CA-0 
begins at 230 °C and up to 400 °C there is an 
intense mass loss, the sample loses 50% of its 

mass. In this range, the DTG curve shows a second 
peak with a maximum at 260 °C, and the DSC 
curve shows an exothermic peak characteristic of 
depolymerization reactions of polysaccharide 
units. After 400 °C, the decomposition intensity 
decreases, and up to 700 °C, the mass loss was 
above 10%. The coked residue at the end of 
thermolysis was 32% of the initial sample. 

The modification of the polysaccharide changes 
its thermal behavior pattern. Judging by the TG and 
DTG curves (Figs. 6 and 7), the mass loss of the 
modified sample occurs in four stages. The first 
stage, as with the initial sample, is associated with 
water desorption and continues up to 180 °C. The 
decomposition of sample CA-1 begins at a lower 
temperature than that of CA-0. Intensive 
decomposition occurs already at 180 °C, 
continuing up to 216 °C. On the DTG curve, this 
stage is marked by a narrow intense peak with a 
maximum at 199 °C. With further heating, the 
mass loss continues up to 310 °C. The DTG curve 
shows a third peak with a maximum at 270 °C. 

We assume that the process of the main 
decomposition starts with the degradation of more 
accessible and, therefore, more sulfated amorphous 
regions, while the process at a higher temperature 
refers to the destruction of the non-sulfated inner 
part of the compound. During the 2nd and 3rd stages, 
the modified sample loses 62.2% of its mass. The 
carbonized residue at the end of thermolysis was 
22% of the initial sample. The modification of the 
CA-0 sample with sulfamic acid significantly 
reduces the thermal stability, as evidenced by the 
lower temperature of the onset of decomposition 
and a smaller residue at the end of pyrolysis of the 
CA-1 sample. 

 
 

  
Figure 6: Results of thermogravimetric analysis (TG 

curves) of samples 
Figure 7: Results of differential thermogravimetric 

analysis (DTG curves) of samples 
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Figure 8: Results of differential scanning calorimetry (DSC curves) of samples 

 
It is important to note that the thermal 

decomposition of natural polysaccharides and their 
derivatives involves multiple overlapping 
reactions (dehydration, depolymerization, 
charring). Therefore, the activation energy 
calculated using the Broido method is an apparent 

value that serves only for comparative purposes 
within this study, not as an absolute kinetic 
constant. Nevertheless, this approach is widely 
used in polysaccharide chemistry to assess relative 
changes in thermal stability upon chemical 
modification.42,43 

 

 
 

Figure 9: Kinetic curves (Broido plots) for the main stage of thermolysis of CA-0 and CA-1 
 
 

Table 3 
Activation energy values of the main stage of thermal decomposition of samples CA-0 and CA-1 

 

Sample Temperature range, 
°С 

Activation energy, 
kJ/mol R2 

CA-0 248 - 288 95 0.9843 
293 - 398 25 0.9971 

CA-1 201-306 53 0.9927 
 

The activation energy (E) of thermal 
decomposition of the studied substances can be 
calculated from the TG curve using the Broido 
equation (1):44  
𝑙𝑙𝑙𝑙 �𝑙𝑙𝑙𝑙 � 1

1−𝛼𝛼
�� = − 𝐸𝐸

𝑅𝑅𝑅𝑅
+ 𝑙𝑙𝑙𝑙 �𝐴𝐴𝐴𝐴𝑇𝑇𝑚𝑚

2

𝛽𝛽𝛽𝛽
�                (1) 

where α is the degree of decomposition of the test 
sample; E is the activation energy (the calculated 
value of E for thermal decomposition of natural 
polymers according to TG curves is, strictly 
speaking, the “apparent” activation energy, since it 

corresponds to the simultaneous occurrence of 
several reactions), J/mol; Tm is the temperature 
corresponding to the maximum on the DTG curve; 
A is the frequency factor (s–1), R is the gas 
constant (8.314 J/mol), and T is the absolute 
temperature (K); β is the heating rate (deg/min). 

From Equation (1), it is evident that the 
activation energy E is determined by the slope of 
the straight line constructed in the coordinates 
𝑙𝑙𝑙𝑙 �𝑙𝑙𝑙𝑙 � 1

1−𝛼𝛼
��  from 1

𝑇𝑇
. 
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As shown in Figure 9, the kinetic curve of 
thermolysis of sample CA-0 has an inflection, 
which indicates a change in the decomposition 
mechanism. Unlike the original, the sulfated 
sample does not change its thermal decomposition 
mechanism during the main decomposition. 

These apparent Ea values should not be 
overinterpreted as true kinetic parameters. 
However, the observed decrease from 95 kJ/mol 
(first stage of CA‑0) to 53 kJ/mol (CA‑1) 
consistently indicates that sulfation reduces 
thermal stability, in agreement with the TG/DTG 
data (lower onset temperature and lower char 
residue). The change in the slope for CA‑0 (from 
95 to 25 kJ/mol) suggests a transition from a more 
ordered to a less ordered decomposition regime, 
which is absent in the more amorphous sulfated 
sample. 

The decrease in thermal stability and, 
consequently, the activation energy of the sulfated 
polysaccharide occurs as a result of several factors. 
Firstly, the sulfation of CA-0 ensures the 
amorphization of its structure, which is confirmed 
by the results of X-ray phase analysis (Fig. 3). 
Loose packing contributes to a change in the 
conformation of macromolecules, which 
subsequently facilitates the process of thermal 
decomposition of polymers. Secondly, the sulfated 
samples of CA-1 have a significantly reduced 
number of hydroxyl groups (according to FTIR 
spectroscopy data), which destabilizes intra- and 
intermolecular hydrogen bonds. During sulfation, 
available hydroxyl groups are replaced by sulfo-
groups, which are more easily cleaved during 
thermolysis.42,43 
 
CONCLUSION 

The possibility of sulfation of bactoagar with 
sulfamic acid in 1,4-dioxane in the presence of urea 
was demonstrated for the first time. The best 
results in terms of product yield (92%) and sulfur 
content (15.40%) were achieved at a temperature 
of 85–90 °C and a reaction time of 3 hours. 
Increasing the temperature to 95 °C or reducing the 
reaction time to 2 hours leads to a decrease in the 
yield and sulfur content. The IR spectroscopy 
method confirmed the successful introduction of 
sulfate groups into the bactoagar macromolecule, 
which is manifested in the appearance of 
characteristic absorption bands in the regions of 
1245–1255 cm⁻¹ and 800–821 cm⁻¹. NMR 
measurements also confirmed the successful 
incorporation of sulfate groups, which resulted in a 
significant downfield shift of the anomeric proton 

signals (from 4.10 to 5.54 ppm). X-ray diffraction 
showed an increase in the amorphousness of the 
structure after sulfation, which is associated with a 
violation of the local order in the macromolecule. 
Sulfation leads to significant destruction of agarose 
chains, which is expressed in a decrease in the 
average molecular weight by almost 10 times. At 
the same time, the sample becomes more 
homogeneous with low polydispersity (1.71). 
Sulfated bactoagar demonstrates a decrease in heat 
resistance compared to the original sample. 
Decomposition begins at a lower temperature, and 
the residue after pyrolysis is 22% of the initial 
sample, which is less than that of the original 
bactoagar (32%). The resulting sulfated samples 
have improved solubility in water and can be used 
in various fields, including pharmacology, 
biotechnology and drug delivery systems. 
Increased amorphousness and decreased molecular 
weight can contribute to improved 
biocompatibility and functional properties of the 
material. 
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